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Bloodstream infection by highly antibiotic-resistant bacteria, such as vancomycin-resistant Enterococcus (VRE),
is a growing clinical problem that increasingly defies medical intervention. Identifying patients at high risk
for bacterial sepsis remains an important clinical challenge. Recent studies have shown that antibiotics can
alter microbial diversity in the intestine. Here, we characterized these effects using 16s rDNA pyrosequencing
and demonstrated that antibiotic treatment of mice enabled exogenously administered VRE to efficiently and
nearly completely displace the normal microbiota of the small and large intestine. In the clinical setting, we
found that intestinal domination by VRE preceded bloodstream infection in patients undergoing allogeneic
hematopoietic stem cell transplantation. Our results demonstrate that antibiotics perturb the normal commensal microbiota and set the stage for intestinal domination by bacteria associated with hospital-acquired
infections. Thus, high-throughput DNA sequencing of the intestinal microbiota could identify patients at high
risk of developing bacterial sepsis.
Introduction
Antibiotic-resistant bacteria are an increasing problem in hospitalized patients. Methicillin-resistant Staphylococcus aureus (MRSA),
Acinetobacter species, Pseudomonas aeruginosa, vancomycin-resistant
Enterococcus faecium (VRE), and Enterobacteriaceae species such as
Escherichia coli or carbapenem-resistant Klebsiella pneumoniae represent some of the major highly resistant organisms that cause infections in hospitalized patients (1–3). Infections with antibiotic-resistant bacteria generally begin with colonization of mucosal surfaces,
in particular the intestinal epithelium. Mammalian gastrointestinal
mucosal surfaces are inhabited by microbial populations, which, in
aggregate, are referred to as the microbiota (4–7). Using cultivationindependent molecular techniques based on 16s rRNA gene sequencing, recent studies investigating commensal microbiota identified
more than 1,000 different bacterial taxa in intestinal samples (8).
Most of these different taxa belong to 2 phyla, Firmicutes and Bacteroidetes; a few belong to the phyla Actinobacteria, Proteobacteria,
Verrucomicrobia, and Fusobacteria (4, 8, 9). These commensal bacteria play important roles in food digestion (10), regulation of fat
storage (11), stimulation of intestinal angiogenesis (12), protection
against epithelial cell injury (13), development of the immune system (14), and resistance to colonization by pathogens (15).
Recent studies have shed light on mechanisms of microbiotamediated protection against pathogenic microbes and how antibiotic-mediated depletion of the microbiota increases colonization
with highly antibiotic-resistant microorganisms (16, 17). Components of the microbiota, such as LPS, lipoteichoic acid, flagellin, or
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muramyl dipeptide are recognized by Toll-like and Nod receptors
expressed by intestinal epithelial and Paneth cells (18–21). Stimulation of these receptors in the small intestine triggers production
and secretion of antimicrobial proteins, including antimicrobial
peptides, such as α-defensins and cryptdins, and the C-type lectin
Reg3γ, which selectively kills Gram-positive bacteria (16, 22–26).
Depletion of the microbiota with an antibiotic cocktail containing metronidazole, neomycin, and vancomycin (MNV) diminishes
expression of Reg3γ, thereby decreasing resistance to VRE colonization (17). Reg3γ expression and susceptibility to VRE colonization in antibiotic-treated mice is restored by administration of
oral LPS or systemic flagellin, which enhances VRE killing (17, 27).
Thus, the intestinal microbiota promotes resistance to infection
with highly antibiotic-resistant bacteria by inducing the production of antimicrobial peptides by intestinal epithelial cells.
Recent studies have shown that antibiotic treatment alters intestinal microbial diversity (8, 28–33). Administration of broad-spectrum antibiotics, for example, changes bacterial populations in
the murine large intestine, reducing the total number of bacteria
and diminishing cytokine production in the intestine (33). Studies
in humans treated with a short course of ciprofloxacin demonstrated that changes in the microbiota persisted after cessation of
antibiotic treatment (8). It remains unclear, however, how antibiotic-induced changes in the intestinal microbiota affect the establishment, expansion, and persistence of highly antibiotic-resistant bacteria in the intestine. Furthermore, whether the density of
intestinal colonization with antibiotic-resistant bacteria correlates
with the risk of bloodstream invasion is also unclear.
We have characterized antibiotic-induced changes in the intestinal microbiota and the effect of these changes on susceptibility to
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Figure 1
Antibiotic treatment alters intestinal microbial density. The
number of 16s rDNA copies was determined by qPCR of
(A) ileum or (B) cecum samples from untreated mice, mice
treated with ampicillin (Amp), vancomycin (Vanco), or MNV,
or mice 2 weeks after cessation (i.e., recovery [recov]) of
antibiotic treatment with ampicillin, vancomycin, or MNV
(6 mice per group). *P < 0.05, ***P < 0.001 versus untreated,
1-way ANOVA with Bonferroni correction.

intestinal colonization with VRE. Antibiotic treatment decreased
the density of intestinal bacteria and dramatically altered the intestinal microbiota. Cessation of antibiotic treatment resulted in
bacterial density increase; however, the recovered microbiota had
decreased frequencies of bacteria belonging to the Bacteroidetes
phylum and the Lactobacillaceae family and increased frequencies
of bacteria belonging to the Clostridium and Enterococcus genera and
the Enterobacteriaceae family. Whereas mice that did not receive
antibiotics were resistant to colonization with VRE, antibiotic treatment enabled VRE to dominate the intestinal microbiota, reaching
frequencies of 95% in the ileum and cecum. Once established, VRE
remained a dominant member of the microbiota upon cessation of
antibiotic treatment. Characterization of the microbiota colonizing
patients undergoing allogeneic hematopoietic stem cell transplantation (allo-HSCT) revealed that antibiotic treatment of humans
also enables VRE to dominate the intestinal microbiota, a detectable event that precedes VRE invasion of the bloodstream.
Results
Antibiotic effects on the intestinal microbiota. To study how antibioticinduced changes on the microbiota impact the intestinal colonization and persistence of highly antibiotic-resistant bacteria, we treated
mice for 1 week with either MNV antibiotic cocktail; ampicillin,
a commonly used antibiotic with a relatively narrow spectrum of
activity; or vancomycin, an antibiotic that selectively kills Grampositive bacteria. Stool pellets, cecum contents, and ileum wall and
contents were harvested in 6 mice immediately following the 7-day
treatment, while another 6 mice were switched back to antibioticfree water for 2 weeks of recovery before harvesting the samples.
We first determined the effect of antibiotics on microbial density by quantitative PCR (qPCR) of bacterial 16s rRNA genes. All 3
antibiotic regimens decreased the number of 16s rDNA copies in
the ileum by a factor of approximately 100, whereas in the cecum,
only ampicillin consistently reduced bacterial density (Figure 1, A
and B). In 4 of 6 mice receiving vancomycin and 3 of 6 mice treated
with MNV, the quantity of 16s genes was only reduced 10-fold.
At 2 weeks after ceasing antibiotic treatment, bacterial densities
returned to normal in the ileum (Figure 1A). In the cecum, bacterial density increased after antibiotic cessation, although it was
slightly lower than that of untreated mice (P < 0.001; Figure 1B).
We next determined the composition of the intestinal microbiota
during antibiotic treatment using the 454/Roche pyrosequencing
platform. Because microbial and chloroplast DNA from ingested
food contributes to 16s rDNA sequences (33), we amplified and
sequenced 16s rDNA sequences from our animal facility’s murine
feed. More than 90% of the 16s rDNA sequences in murine feed
were classified as Streptophyta, a Viridiplantae (data not shown).

Therefore, Streptophyta sequences, which represented up to 32%
of the sequences (average, 5.75%) in samples obtained from antibiotic-treated mice, were subtracted from our sequence analyses.
After quality control (see Methods) and subtraction of Streptophyta sequences, we obtained a total of 116,542 sequences for
this analysis. We obtained an average of 777 sequences per sample.
Because of the low bacterial density, we could not obtain a PCR
product of the 16s rRNA gene from samples of the ileum wall of
mice during antibiotic treatment.
Consistent with previous studies (31), distinct bacterial communities inhabited the small and large intestine of untreated mice
(Figure 2). The microbiota of the ileum contents and ileum wall was
predominately populated by Lactobacillaceae and Erysipelotrichaceae (Figure 2 and Supplemental Figure 1; supplemental material
available online with this article; doi:10.1172/JCI43918DS1), with
frequencies varying between individual mice. The microbiota of
the cecum and feces (Figure 2 and Supplemental Figure 1) consisted mostly of bacteria belonging to the Erysipelotrichaceae, Lactobacillaceae, Ruminococcaceae, Lachnospiraceae, and Coriobacteriaceae families; bacteria of the Clostridiales and Bacteroidales
order; and other bacteria belonging to the Bacteroidetes phylum.
Although the cecum and feces contained similar bacterial populations, their relative abundance differed (Supplemental Figure 1).
Antibiotic treatment had a dramatic effect on the microbiota of the
small and large intestine (Figure 2 and Supplemental Figures 1 and 2).
To more specifically define changes in the microbiota induced by
antibiotic treatment, we plotted the increase and decrease of bacterial populations in a heatmap (Figure 3). All mice receiving ampicillin
had similar changes in the microbiota of the ileum and cecum, with
increased proportions of Streptococcaceae and decreased proportions of the other predominant families (Figure 2 and Figure 3A).
Interestingly, both antibiotic treatments resulted in greater similarity among the microbiota of the ileum contents and cecum (Figure 2).
As antibiotic treatment resulted in distension of the cecum, it is possible that cecal contents refluxed into the ileum.
In contrast to ampicillin treatment, the effect of vancomycin
treatment on the microbiota was less uniform among individual
mice. For example, 4 mice treated with vancomycin had dramatic
expansion of Enterobacteriaceae in the ileum contents and cecum
(Figure 2). Expansion of Enterobacteriaceae in these mice accounted
for the relatively high bacterial density measured by qPCR of the
16s rRNA gene (Figure 1B). The microbiota of mice treated with
MNV underwent changes similar to those observed with vancomycin treatment (Supplemental Figure 1), with dramatic expansion
of Enterobacteriaceae in 3 mice. Characterization of the microbiota 2 weeks after ceasing antibiotic treatment revealed that
Erysipelotrichaceae and Lachnospiraceae became the most highly
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Figure 2
Antibiotic treatment alters the composition of the intestinal microbiota. (A) Color code for the most predominant bacterial taxa found in the murine
intestine. (B) Phylogenetic classification of 16S rDNA frequencies in the ileum contents or cecum from samples collected from untreated mice,
mice treated with ampicillin or vancomycin, or mice allowed to recover for 2 weeks from antibiotic treatment. Each bar represents the microbiota
of an individual mouse.

represented bacterial families in the ileum and cecum, respectively
(Figure 2). Remarkably, however, the frequencies of Lactobacillaceae and bacteria belonging to the Bacteroidetes phylum were
markedly reduced in the ileum wall, cecum, and feces (Figure 3B).
At 2 weeks after ceasing vancomycin treatment, the frequency of
Clostridiaceae, Enterococcaceae, and Enterobacteriaceae significantly increased in the cecum and feces (Figure 3B). An increase
in Clostridiaceae was also observed in the ileum contents and wall
(Figure 3B). Similarly, most of the mice treated with ampicillin or
MNV, at 2 weeks after ceasing antibiotics, had microbiota with
higher frequencies of the genera Clostridium and Enterococcus (Figure 4). The family Enterobacteriaceae also increased in most of the
mice after ceasing MNV treatment in the cecum and feces (Figure
4B). The increase in the frequency of bacteria belonging to the genera Clostridium and Enterococcus and the family Enterobacteriaceae
is noteworthy because many of the major bacterial species causing hospital-acquired infections belong to these groups. Interest4334

ingly, the ileum wall of most of the untreated mice contained low
numbers of Enterobacteriaceae (Figure 4A). Moreover, the most
predominant Enterobacteriaceae operational taxonomic units
(OTUs) found in mice treated with antibiotics were also present in
the ileum wall of some of the untreated mice. This result suggests
that the ileum wall may be the source of the Enterobacteriaceae
that increased after antibiotic treatment.
Antibiotic effect on VRE intestinal colonization in mice. The previous
results demonstrated that antibiotic-mediated disruption of the
intestinal microbiota can result in domination of the intestinal
microbiota by a very narrow range of microbial taxa, leading to
markedly restricted diversity. Although previous studies have
demonstrated that antibiotic treatment can lead to increased
colonization of the intestine by VRE (17, 34), to our knowledge,
the prevalence of VRE relative to other intestinal microbes has not
been previously determined. To address this question, untreated
and ampicillin-treated mice were infected with 108 CFUs of VRE.
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Figure 3
Statistically significant changes in intestinal
bacterial populations observed upon antibiotic treatment. Heatmap showing statistically
significant differences (P < 0.05) in intestinal
bacterial populations between (A) untreated
mice and mice treated for 1 week with ampicillin, vancomycin, or MNV, or (B) untreated mice and mice allowed to recover for
2 weeks from antibiotic treatment. Colors in
the key indicate the observed fold changes
(red, increase; green, decrease).

Increased VRE density in the small intestine and cecum contents
was detected in ampicillin-treated mice 1 day after infection (Figure 5A). While VRE density decreased 100-fold in untreated mice
8 days after infection, VRE frequencies markedly increased in mice
continuously treated with ampicillin (Figure 5A). Pyrosequencing of 16s rDNA revealed that VRE constituted nearly the entire
microbiota in VRE-infected, ampicillin-treated mice (Figure 5B).
To determine whether continuous exposure to antibiotic was necessary to maintain VRE colonization, we discontinued ampicillin
treatment 1 day after VRE infection and quantified VRE at intervals afterward. Remarkably, 7 days after discontinuing ampicillin, VRE remained one of the most predominant bacterial species
(Figure 5B). Since bacterial density was similar in untreated mice
and ampicillin-treated, VRE-infected mice (Figure 5C), the density of VRE in antibiotic-treated mice approximated the density
of the complex microbiota inhabiting the intestines of untreated
mice. High levels of VRE were cultured from mice up to 2 months
after cessation of ampicillin treatment (Figure 5A), which suggests
that once VRE becomes established as a major component of the
microbiota, either it acquires the ability to persist in the gut or the
residual microbiota becomes more accommodating.
While the effects of antibiotic treatment on the intestinal microbiota extend beyond the course of antibiotic administration (Figure 2 and ref. 8), the duration of antibiotic effects on susceptibility to VRE colonization are not known. As a first step to address
this issue, we determined the effect of ampicillin on the intestinal
microbiota up to 8 weeks after ceasing antibiotic treatment. For

8 days, 4 groups of cohoused mice were treated with ampicillin;
1 mouse per group was euthanized 1, 2, 4, or 8 weeks after antibiotic withdrawal; and the microbiota of the cecum and ileum was
characterized. Control mice for each group had not been treated
with antibiotics. We first characterized the global effects of antibiotic treatment on the microbiota by quantifying similarities based
on phylogenetic distances using UniFrac (35). We used unweighted
UniFrac, which tabulates the presence or absence, but not the proportion, of different bacterial lineages, and principal coordinate
analysis to cluster communities along orthogonal axes of maximal
variance. Mice that did not receive antibiotic treatment were clustered by the 2 coordinates (PC1 and PC2) that explained most of

Figure 4
Antibiotic treatment promotes intestinal colonization by Clostridium,
Enterococcus, and Enterobacteriaceae. Heatmap showing the frequencies of 16s rDNA sequences classified as Clostridium, Enterococcus,
or Enterobacteriaceae in the small (A) or large (B) intestine of untreated
mice or mice allowed to recover for 2 weeks after ampicillin, vancomycin,
or MNV treatment. Colors in key indicate the frequency of each group of
bacteria in each sample. Each row represents an individual mouse.
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Figure 5
Ampicillin treatment promotes VRE
intestinal colonization in mice. (A)
The number of VRE CFUs in the
small intestine or cecum of untreated mice, mice treated for 1 week
with ampicillin before infection and
kept on ampicillin after VRE infection, or mice switched back to antibiotic-free water 1 day after infection and allowed to recover. Mice
were infected with 108 CFUs. Samples were harvested on different
days after VRE infection. n ≥ 6 mice
per group and day, except day 15
ampicillin (n = 3). (B) Phylogenetic
classification of 16S rDNA frequencies or (C) number of 16s rDNA
copies in the ileum and cecum of
untreated mice as well as ampicillin-treated mice, infected or not with
VRE after 1 week of treatment, and
either treated for 8 days or allowed
to recover starting at 1 day after
infection. The most predominant
bacterial populations identified are
color coded as indicated. Each bar
represents the microbiota composition of an individual mouse.

the variation observed between samples (Figure 6A), which indicated that the microbiota of untreated mice contain similar bacterial
lineages. Antibiotic-treated mice, at all time points following cessation of ampicillin administration, were distinct from untreated
mice (Figure 6A), which indicates that antibiotic treatment produces long-term changes in the microbiota. Analysis of the microbiota of untreated mice and mice that recovered from ampicillin
treatment (Figure 6B) confirmed our previous finding (Figure 2)
that some bacterial populations, such as the Lactobacillaceae and
the Bacteroidetes, did not recover, and demonstrated that this loss
4336

persisted for 8 weeks. In contrast, other bacterial populations, such
as Clostridiales Incertea Sedis XIV, became major contributors of
the new microbial consortium. Most antibiotic-treated mice had
increased representation of the Enterococcaceae family and, in a
smaller number of mice, an increase in the Clostridiaceae family
(Figure 6B). More detailed analysis of these sequences revealed that
these bacteria belonged to the genera Enterococcus and Clostridium
(data not shown).
To determine whether the long-term effects of antibiotic treatment
on the intestinal microbiota increase susceptibility to VRE coloni-
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Figure 6
Incomplete recovery of the microbiota after ampicillin treatment. Four groups of mice were treated with ampicillin and allowed to recover from
ampicillin treatment. Each group of mice was housed in a separate cage. 1 mouse per cage was euthanized at weeks 1, 2, 4, or 8 after antibiotic
withdrawal, and the ileum and cecum was harvested for microbiota analysis. As controls, 4 mice were euthanized before antibiotic treatment. (A)
Unweighted UniFrac analysis of ileum or cecum samples. Each point represents the microbiota of an individual mouse. (B) Phylogenetic classification of 16S rDNA frequencies in the ileum and cecum. Each bar represents the microbiota of an individual mouse. The most predominant
bacterial populations identified are color coded as indicated.

zation, mice were treated with ampicillin, allowed to recover from
antibiotic treatment for 2 or 4 weeks, and were then infected with
108 CFUs of VRE. Consistent with our previous findings (Figure 5),
mice that were infected before cessation of ampicillin treatment
were densely colonized with VRE 8 days after infection, whereas VRE
was completely cleared in most of the untreated mice 8 days after
infection (Figure 7). Mice that had recovered from ampicillin treatment for either 2 or 4 weeks prior to VRE inoculation were heavily
colonized with VRE 8 days after infection (Figure 7). The density of
VRE colonization was less in mice that had recovered from antibiotic
treatment than in mice that were still being treated with ampicillin at
the time of VRE inoculation. On the other hand, the density of VRE
colonization of the cecum was 10,000- to 100,000-fold higher in previously treated mice than in mice that had never received antibiotics.
This result indicates that bacterial populations that suppress VRE
colonization are lost after an 8-day course of ampicillin and do not
recover for up to 2 months after cessation of antibiotic treatment.

Antibiotic effect on VRE intestinal colonization in humans. VRE is
one of the most important causes of bacteremia in hospitalized
patients following antibiotic treatment, particularly in cancer
patients undergoing chemotherapy and/or allo-HSCT (36, 37).
Because our experiments with mice demonstrated that antibiotic
treatment can result in overwhelming colonization with antibioticresistant microbes, we examined intestinal bacterial colonization
in patients undergoing allo-HSCT. Stool samples were collected
from these patients upon hospital admission and periodically during the transplant course. For this analysis, we included only those
patients from whom we had obtained fecal samples during the first
2 weeks after transplantation. Fecal samples from 2 patients who
developed VRE bacteremia during hospitalization and 3 who did
not were analyzed by 16S rDNA sequencing (Figure 8). Clinical
information from patients A–E is shown in Supplemental Table 1.
All patients received antibiotics during their hospitalization, for
prophylaxis during the period of neutropenia and/or as therapy for
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Figure 7
Incomplete recovery of the intestinal microbiota allows VRE intestinal colonization. The number of VRE CFUs was determined 8 days
after infection in the small intestine or cecum of untreated mice, mice
treated with ampicillin for 1 week before infection and switched back to
antibiotic-free water 1 day after infection (i.e., no recovery time), and
mice treated with ampicillin for 1 week and allowed to recover for 2
or 4 weeks from ampicillin treatment before infection. If VRE was not
detected (ND), the limit of detection was considered to be the number of
CFUs in the sample. n = 9 per group, except 2-week recovery (n = 10).
***P < 0.001 versus untreated, 1-way ANOVA with Bonferroni correction on the log-transformed CFU values.

fever or other signs of infection (Supplemental Figure 3). Patients
A and B developed VRE bacteremia, whereas patients C–E did not.
The microbiota of patient A changed dramatically during hospitalization (Figure 8), but eventually bacteria belonging to the genus
Enterococcus became the dominant organism (>97%). This shift
preceded the detection of VRE bacteremia by 18 days. Patient B
had a diverse fecal microbiota upon hospital admission (Figure 8);
7 days later, after administration of vancomycin and ciprofloxacin,
bacteria belonging to the Enterococcus genus expanded dramatically,
dominating the microbiota at greater than 98% frequency. This
patient developed VRE bacteremia 3 days after this dramatic shift in
the intestinal microbiota. VRE bacteremia persisted in this patient
for 18 days and correlated with continued predominant colonization of the intestine with Enterococcus. To determine whether the
Enterococci in the fecal samples were the same as those identified
in the blood culture, we compared the 16s rDNA sequences. The
predominant sequence identified by pyrosequencing of fecal samples was identical to the sequence obtained by 16s rDNA amplification of the VRE obtained from the blood culture. qPCR of van A,
which confers vancomycin resistance, confirmed that the Entero-

cocci identified in feces were VRE and similar to the isolates from
blood cultures (Supplemental Figure 4). The 3 allo-HSCT patients
that did not develop a VRE bacteremia did not develop VRE predominance in the feces, even though patient C was positive for VRE
by routine screening rectal swab culture (Supplemental Table 1).
Nevertheless, marked shifts in the microbiota were documented
over the period of study in these patients (Figure 8).
Discussion
Because the majority of microbes colonizing the mammalian intestine are not readily cultivated in the laboratory (4), conventional
culture techniques have not been able to demonstrate intestinal
domination by pathogenic bacteria. Our studies using 16s rDNA
sequencing approaches provide an unbiased view of the intestinal
microbiota and demonstrate the remarkable shifts and losses of
microbial diversity associated with antibiotic therapy and colonization with antibiotic-resistant microbes. We found that vancomycin and MNV treatment led to sporadic expansion of Enterobacteriaceae, demonstrating that antibiotic-induced alterations of the
microbiota can result in overwhelming expansion of otherwise rare

Figure 8
VRE dominates the intestinal microbiota in humans prior to invading the bloodstream. Phylogenetic classification of 16S rDNA frequencies in
stool samples collected from allo-HSCT patients. Samples were collected upon hospital admission and periodically during the transplant course;
5 patients were studied. Each bar represents the microbiota of 1 stool sample. The timing of sample collection relative to the day of transplant
(day 0) is indicated below each bar. The most predominant bacterial populations identified are color coded as indicated. The timing of VRE
bloodstream infection relative to analyses of the microbiota for patients A and B is indicated by red horizontal bars.
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members of the intestinal consortium. The effects of antibiotic
treatment on the microbiota can be complex, with some unexpected
results. For example, treatment with vancomycin, an antibiotic that
selectively targets Gram-positive bacteria, essentially eliminated the
Gram-negative phylum Bacteroidetes from the cecum. Discontinuation of all 3 antibiotic regimens also resulted in a loss of Lactobacillaceae. Other bacterial genera and families, such as Clostridium,
Enterococcus, and Enterobacteriaceae, increased in frequency following recovery from antibiotic therapy. Disruption of the microbiota
enabled VRE to undergo dramatic expansion and to dominate the
microbial consortium of the ileum and cecum. This type of microbial domination was not restricted to experimental mice, but was
also found to occur in hospitalized humans exposed to antibiotics.
The major components of the intestinal microbial flora are the
bacterial phyla Bacteroidetes and Firmicutes (4, 6, 8), which are
known to influence each other. Bacteria belonging to the Firmicutes
phylum, such as Bifidobacterium longum, alter the expression of glycoside hydrolases in Bacteroidetes thetaiotaomicron, a species belonging to the Bacteroidetes phylum (38). Our finding that vancomycin
treatment caused a loss of bacteria belonging to the Bacteroidetes
phylum suggests that survival of Bacteroidetes in the gut depends
on the integrity of Firmicutes populations. Our results are consistent
with the findings of Sekirov and coworkers, who used a fluorescent
in situ hybridization approach to show decreased prevalence of bacteria belonging to the Bacteroidetes phylum and expansion of γ-proteobacteria, which includes Enterobacteriaceae, during vancomycin
treatment (28). Along similar lines, administration of cefoperazone, a
broad-spectrum antibiotic, results in depletion of Bacteroidetes and
expansion of Firmicutes after cessation of antibiotic treatment (29).
Antibiotic-induced losses of Bacteroidetes may have implications for
the development of obesity (9) or the control of intestinal inflammatory diseases (39). Loss of Lactobacilli may adversely affect the establishment of immune tolerance (40). Further studies of antibioticinduced changes on the intestinal microbiota may provide insights
into the pathogenesis of obesity and inflammatory bowel disease.
We show here that VRE dominated the microbiota after antibiotic treatment both in mice and in humans. The complete displacement of the normal microbiota may also occur following
infection with other bacteria. In fact, we observed domination of
the microbiota by the families Staphylococcaceae and Streptococcaceae in 2 of the 5 allo-HSCT patients (Figure 8), and previous
studies in mice have shown that Salmonella enterica can dominate
the microbiota after streptomycin treatment (41).
Our finding that VRE persisted following cessation of antibiotic
treatment contrasts with the resistance of untreated mice to colonization with VRE. Although it is possible that VRE actively suppresses
microbiota-induced innate immune defense in the intestine, our
measurements of antimicrobial peptide expression did not support
this hypothesis (data not shown). Consistent with previous studies (29), we found that some bacterial populations did not recover
after antibiotic withdrawal. It is likely that some of these bacterial
populations suppress VRE colonization, and their loss enables VRE
to persist for long periods of time in the intestine. Our finding that
mice that recovered from antibiotic treatment were more susceptible to VRE colonization is consistent with this hypothesis. Similar
to VRE, other bacteria, such as Salmonella, persist in the intestine for
long periods of time (42). Moreover, as with VRE, mice that recover
from antibiotic treatment are more susceptible to Salmonella intestinal colonization (30). Identifying which commensal bacterial species
are capable of suppressing intestinal colonization by these impor-

tant pathogens may provide new approaches to diminish long-term
intestinal carriage and development of systemic infection.
Our studies demonstrate the fragility of the intestinal microbiota
in experimental mice and in humans undergoing allo-HSCT. Previous studies characterizing the microbiota of 3 healthy individuals
treated with ciprofloxacin demonstrated a loss of diversity, but did
not reveal overwhelming intestinal colonization by Enterococci
or Enterobacteriaceae (8). Our results characterizing the microbiota of hospitalized allo-HSCT patients contrast with this study
of healthy volunteers. The reasons for these differences are likely
complex and multifactorial, including the dose, duration, and spectrum of administered antibiotics, the immune status of the host,
the chemotherapeutic regimen administered prior to transplantation, the integrity of the intestinal epithelium, and the potential
exposure of hospitalized patients to highly antibiotic-resistant
bacteria. Nevertheless, the patients we have investigated represent
a population affected by infections caused by increasingly prevalent
antibiotic-resistant microbes. Understanding the complex microbial populations inhabiting mucosal surfaces and determining their
composition using high-throughput DNA sequencing approaches
will increase our ability to identify patients at risk for developing invasive bloodstream infections and potentially, by judicious
administration of probiotic microbes, allow us to prevent mucosal
domination by microbes known to cause invasive infections.
Methods
Mouse models and housing conditions. Experiments were done with 7-week-old
C57BL/6J mice purchased from Jackson Laboratories and housed with
irradiated food and provided with acidified water. For experiments involving antibiotic treatment, mice were treated for 1 week with drinking water
containing either ampicillin (1 g/l), vancomycin (1 g/l), or the MNV antibiotic cocktail containing vancomycin (1 g/l), metronidazole (1 g/l), and
neomycin (0.5 g/l). For the microbiota recovery experiment after ampicillin
cessation shown in Figure 6, and for the experimental infections with VRE,
mice were treated with ampicillin (0.5 g/l) in their drinking water, which
was changed every 3 days. All animal studies were performed in compliance with Memorial Sloan-Kettering institutional guidelines and approved
by the institution’s IACUC.
VRE infection. Mice were infected by means of gavage with 108 CFUs of
VRE (stock no. 700221; ATCC). Bacterial counts were determined by plating serial dilutions of the small intestine and cecal contents on EnterococcoseI agar plates (Difco) with vancomycin (8 μg/ml; Sigma-Aldrich). VRE
colonies were identified by appearance and confirmed by Gram staining.
The limit of detection was 10 VRE CFUs in the small intestine samples and
100 VRE CFUs in the cecum samples.
Sample collection and DNA extraction. Fresh stool pellets were obtained
before mice were euthanized. Immediately after the mice were euthanized,
the contents of the cecum and from the distal 3 cm of the small intestine
(ileum), excluding the last 1 cm proximal to the cecum, were recovered
by manual extrusion. The 3 cm of the ileum were flushed twice with PBS
and saved for DNA extraction from the ileum wall. All samples were snapfrozen in liquid nitrogen prior to storage at –80°C. Except for the ileum
wall (see below), DNA was extracted using a phenol-chloroform extraction
technique with mechanical disruption (bead-beating) based on a previously
described protocol (43). Briefly, a frozen aliquot (~100 mg) of each sample
was suspended, while frozen, in a solution containing 500 μl of extraction
buffer (200 mM Tris, pH 8.0; 200 mM NaCl; and 20 mM EDTA), 210 μl of
20% SDS, 500 μl of phenol/chloroform/isoamyl alcohol (25:24:1), and 500
μl of 0.1-mm-diameter zirconia/silica beads (BioSpec Products). Microbial
cells were lysed by mechanical disruption with a bead beater (BioSpec Prod-
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ucts) for 2 minutes, after which 2 rounds of phenol/chloroform/isoamyl
alcohol extraction were performed. DNA was precipitated with ethanol
and resuspended in 50 μl of TE buffer with 100 μg/ml RNase. Fecal human
samples were stored at –80°C prior to DNA isolation. DNA was extracted
essentially as described above, except that the isolated DNA was subjected
to additional purification with QIAamp mini spin columns (Qiagen). Fecal
samples from patients were obtained after their full consent under IRBapproved MSKCC protocol 06-107A.
Total genomic DNA was extracted from the ileum wall samples using a
combination of the QIAamp DNA isolation kit (Qiagen) and a bead-beater
method based on a previously described protocol (44). Briefly, ileum wall fragments were lysed in 180 μl of QIAamp ATL buffer and 20 μl of proteinase K
for 1 hour at 56°C. Zirconia/silica beads (0.1 mm diameter) were added, and
samples were homogenized in a bead beater (BioSpec Products) for 2 minutes
and incubated for an additional hour at 56°C. 4 μl of RNase A (100 mg/ml)
and 200 μl of AL buffer were added to the lysate, and samples were incubated
for 30 minutes at 70°C. After the addition of 200 μl absolute ethanol, lysates
were purified over a QIAamp column as specified by the manufacturer.
V2 16S rRNA amplification and 454/pyrosequencing. For each sample, 3
replicate 25-μl PCRs were performed, each containing 50 ng of purified
DNA, 0.2 mM dNTPs, 1.5 mM MgCl2, 1.25 U Platinum Taq DNA polymerase, 2.5 μl of 10× PCR buffer, and 0.2 μM of each primer designed to
amplify the V2 region as previously described (43): a modified primer 8F
(5′-GCCTTGCCAGCCCGCTCAGAGAGTTTGATCCTGGCTCAG-3′), composite of 454 primer B (underline) and the universal bacterial primer 8F
(italics); and the modified primer 338R (5′-GCCTCCCTCGCGCCATCAGNNNNNNNNNNTGCTGCCTCCCGTAGGAGT-3′) composite of 454
primer A (underline), a unique 10-base barcode, and the broad-range bacterial primer 338R (italics). When the concentration of DNA was low, such as
in the samples from mice treated with antibiotics, 0.5 μl of DNA was used
in the PCR reaction. Cycling conditions were 94°C for 3 minutes, followed
by 25 cycles (cecum and fecal samples), 28 cycles (ileum content samples),
30 cycles (ileum wall samples), and 35 cycles (samples with low bacterial
density) of 94°C for 30 seconds, 52°C for 30 seconds, and 72°C for 1 minute. Replicate PCRs were pooled, and amplicons were purified using the
Qiaquick PCR Purification Kit (Qiagen). PCR products were sequenced on a
454 GS FLX platform following the 454 Roche recommended procedures.
Sequence analysis. The sequences reported herein have been deposited in the
NCBI Short Read Archive database (accession no. SRA024507). Sequences
were converted to standard FASTA format using Vendor 454 software.
Sequences shorter than 200 bp, longer than 300 bp, with undetermined
bases, a 454 sequence quality average below 25, with no exact match to the
forward primer or a barcode, or that did not aligned with the V2 region
were not included in the analysis. Sequences were grouped into OTUs using
MOTHUR (45). Sequences were aligned, using as template the Silva reference alignment (46) and the Needleman-Wunsch algorithm with default
scoring options. Sequence distances were calculated with MOTHUR. To
avoid overestimating distances between 454 tag sequences from the rapidly
diverging variable regions, as suggested by Sogin and coworkers (47), we
treated gaps of any length as a single evolutionary event or mismatch and
ignored terminal gaps. Sequences were clustered into OTUs using the furthest-neighbor algorithm. Sequences with distance-based similarity of 97%
or greater were assigned to the same OTU. Taxonomic assignments for a representative sequence from each OTU were obtained using the RDP Classifier (version 10) with the bootstrap cutoff 50%, recommended for sequences
shorter than 250 bps (48). The percent of a specific taxon in a sample was
calculated by dividing the number of counts of all the OTUs present in a
sample that were classified as that taxon by the total number of counts in
the sample. In order to determine the proportion of VRE in a murine sample, the pyrosequencing reads were subjected to BLAST analysis against a
4340

reference V2 VRE sequence obtained from a PCR product spanning the V2
region using the VRE strain ATCC 700211 as a template. BLAST hits with
≥98% identity and ≥98% coverage were considered to be VREs.
Tree building and UniFrac clustering for PCA analysis. A representative
sequence from each OTU was aligned using MOTHUR (45). The PH Lane
mask was used to screen out hypervariable regions after alignment. A phylogenetic tree was inferred using the alignment generate and FastTree (49).
Unweighted UniFrac (35) was run using the resulting tree. PCA was performed on the resulting matrix of distances between each pair of samples.
Quantification of intestinal microbiota density by qPCR. qPCR was performed
on DNA extracted from the cecal and ileum murine contents using
DyNAmo SYBR Green qPCR kit (Finnzymes) and 0.2 μM of the universal bacterial primer 8F (5′-AGAGTTTGATCCTGGCTCAG) and the
broad-range bacterial primer 338R (5′-TGCTGCCTCCCGTAGGAGT-3′).
Standard curves were prepared by serial dilution of the PCR blunt vector
(Invitrogen) containing 1 copy of the 16s rRNA gene. Cycling conditions
were 95°C for 10 minutes followed by 40 cycles of 95°C for 30 seconds,
52°C for 30 seconds, and 72°C for 1 minute.
Quantification of the van A gene by qPCR. Quantitative PCR was performed
on DNA extracted from human fecal samples as described above using
the Step One Plus Real Time PCR system (Applied Biosystems). qPCR was
performed using 12.5 μl of 2× brilliant II qPCR master mix (Stratagene)
and 0.4 μM of the specific primers for the van A gene: forward, 5′-AATCGGCAAGACAATATGAC; reverse, 5′-ACCTCGCCAACAACTAACGC; FAMlabeled probe, 5′d FAM-GGACGTGTGAGGTCGGTTGTGCGGTATACGTCC-BHQ-1 3′. Standard curves for the van A gene were prepared from
serial dilutions of the VRE strain ATCC 700221. The number of van A
gene copies was normalized to the number of 16s rDNA copies that were
quantified as described above. Results are expressed relative to the van A
gene levels from a pure culture of the VRE strain isolated from the blood
culture (assigned as 100%).
Statistics. Statistical analysis of the number of 16s rRNA copies and the
number of VRE CFUs was performed using 1-way ANOVA with Bonferroni
correction and Prism software. P values less than 0.05 were considered to
be significant. To compute which bacterial taxa had statistically differential V2 16s rDNA counts between treated and untreated mice, we used the
edgeR package from the Bioconductor Libraries (www.bioconductor.org)
for the R statistical system. The Moderated negative binomial model was
used, which extends the Poisson model to account for dispersion in the
variance (50). P values were computed using the Fisher exact test, and the
false discovery rate method was used to correct for multiple testing. The
final results were filtered for P values less than 0.05, fold change of 2 or
greater, and minimum 10 counts in the normalized data.
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